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Abstract
Marine cable bacteria (Candidatus Electrothrix) and large colorless sulfur-oxidizing bacteria (e.g.,
Beggiatoaceae) are widespread thiotrophs in coastal environments but may exert different inﬂuences on biogeochemical cycling. Yet, the factors governing their niche partitioning remain poorly understood. To map their
distribution and evaluate their growth constraints in a natural setting, we examined surface sediments across
seasons at two sites with contrasting levels of seasonal oxygen depletion in Chesapeake Bay using microscopy
coupled with 16S rRNA gene amplicon sequencing and biogeochemical characterization. We found that cable
bacteria, dominated by a single phylotype closely afﬁliated to Candidatus Electrothrix communis, ﬂourished during winter and spring at a central channel site which experiences summer anoxia. Here, cable bacteria density
was positively correlated with surface sediment chlorophyll, a proxy of phytodetritus sedimentation. Cable bacteria were also present with a lower areal density at an adjacent shoal site which supports bioturbating
macrofauna. Beggiatoaceae were more abundant at this site, where their biomass was positively correlated with
sediment respiration, but additionally potentially inhibited by sulﬁde accumulation which was evident during
one summer. A springtime phytodetritus sedimentation event was associated with a proliferation of
Beggiatoaceae and multiple Candidatus Electrothrix phylotypes, with cable bacteria reaching 1000 m length
cm2. These observations indicate the potential impact of a spring bloom in driving a hot moment of cryptic
sulfur cycling. Our results suggest complex interactions between benthic thiotroph populations, with bioturbation and seasonal oscillations in bottom water dissolved oxygen, sediment sulﬁde, and organic matter inﬂux as
important drivers of their distribution.

This feature can be millimeters to centimeters wide and may
function as an important barrier to sulﬁde diffusion from sediments (Seitaj et al. 2015). The accumulation of sulﬁde is commonly inhibited by the continuous replenishment of reactive
metal oxides, fostered by the activities of bioturbating
macrofauna (Kristensen 2000). Suboxic zones may also be
maintained by the activities of “gradient microorganisms,”
specialized microbes capable of oxidizing sulﬁde by coupling
its oxidation with nitrate or oxygen across the suboxic space
(Wasmund et al. 2017). In coastal sediments, at least two distinct microbial strategies have been reported as quantitatively
important for sulﬁde removal over centimeter-scale distances.
One microbial strategy for oxidizing sulﬁde in sediments
is carried out by the large colorless sulfur-oxidizing
Gammaproteobacteria, such as Beggiatoaceae (Teske and Salman 2014). Members of the family Beggiatoaceae have been
the subject of microbial bioenergetics studies since the formative chemoautotrophy investigations of Winogradsky in the

A widespread feature of surﬁcial coastal sediments overlain
by an oxygenated water column is the presence of a suboxic
zone, deﬁned as a sediment space where both oxygen and sulﬁde are absent, despite potentially high rates of sulﬁde production by microbial sulfate reduction (Jørgensen et al. 2019).
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late 19th century (Ackert 2013). These bacteria grow as large
ﬁlaments with gliding motility and many are capable of
transporting nitrate in vacuoles for use as an electron acceptor
through suboxic sediments, reducing nitrate to ammonia
(Mußmann et al. 2003, 2007). Some of these couple the oxidation of sulfur directly with oxygen (Schwedt et al. 2012). The
sulfur oxidation activity of Beggiatoaceae imparts a distinct
imprint on pore water pH, with a minimum near the oxic or
nitrate horizons, and a pH maximum at the sulﬁde horizon
(Sayama et al. 2005; Seitaj et al. 2015). Where their densities
are high, Beggiatoaceae ﬁlaments may maintain and deepen a
suboxic zone (Fenchel and Bernard 1995; Sayama et al. 2005).
Another distinct mechanism occurs by the electronconducting cable bacteria (Malkin et al. 2015; Seitaj
et al. 2015; Burdorf et al. 2016), which are afﬁliated to the
family Desulfobulbaceae (Trojan et al. 2016). In contrast to
Beggiatoaceae, sulfur oxidation by cable bacteria was only relatively recently discovered (Nielsen et al. 2010; Pfeffer
et al. 2012). These long ﬁlamentous bacteria span the suboxic
zone and catalyze sulﬁde oxidation by commuting electrons
along their longitudinal axis from sulﬁde-generating sediments to the oxic zone, connecting distances as great as
 3 cm (Schauer et al. 2014; Meysman et al. 2015; Bjerg
et al. 2018). Among cable bacteria, the genus Candidatus Electrothrix dominates in marine sediments (Trojan et al. 2016;
Dam et al. 2021). Cable bacteria have demonstrated rapid
growth (Schauer et al. 2014), and accumulating evidence indicates these bacteria play an important and unique role in biogeochemical cycling in marine coastal systems (RisgaardPetersen et al. 2012; Nielsen and Risgaard-Petersen 2015; Seitaj
et al. 2015). Like Beggiatoaceae, cable bacteria are capable of
reducing inorganic nitrogen sources to ammonia but not to
dinitrogen gas (Risgaard-Petersen et al. 2014; Kjeldsen
et al. 2019; Marzocchi et al. 2022). In addition, cable bacteria
can dominate the biological oxygen demand in organic-rich
sediments, removing free sulﬁde to several centimeters depth
(Risgaard-Petersen et al. 2012; Nielsen and RisgaardPetersen 2015; Rao et al. 2016). The anodic oxidation of cable
bacteria generates acidity, creating a deep pH-minimum that
leaves a distinct imprint of their activity in sediments (Nielsen
et al. 2010; Meysman et al. 2015; Seitaj et al. 2015). This acidity causes dissolution of iron monosulﬁdes (FeS) (RisgaardPetersen et al. 2012; Larsen et al. 2014; Rao et al. 2016), which
drives an accumulation of iron oxides near the sediment surface, delaying euxinic conditions from developing in bottom
waters during seasonal anoxia (Seitaj et al. 2015). The consequent FeS dissolution also affects microbial activity, for example, stimulating dissimilatory nitrate reduction to ammonia
(Kessler et al. 2019). The acid dissolution also alters carbonate
burial efﬁciency (Rao et al. 2016) and has been associated with
production of pore water manganese (II), retention of dissolved organic carbon, removal of pore water phosphate, resupply of sulfate (Sulu-Gambari et al. 2015, 2016; Sandfeld
et al. 2020), and mobilization of the trace metals arsenic and

cobalt (van de Velde et al. 2017). In short, where abundant,
cable bacteria may impart quantitatively important consequences for a multitude of biogeochemical processes near the
sediment water interface.
In order to quantify the roles of marine Beggiatoaceae and
cable bacteria in sediment ecology and ecosystem-level biogeochemical cycling, a better understanding is needed of their
distribution, activity, and growth constraints. The main objective of this work was to track the seasonality of these sulfuroxidizing bacteria in Chesapeake Bay, a semi-tropical seasonally oxygen-depleted estuarine system. We investigated a pair
of study sites that both lie in the mesohaline reach of the
Chesapeake Bay, but which experience contrasting levels of
summer oxygen depletion and consequently support different
degrees of bioturbation. We report on contrasting spatial and
temporal distribution of these key benthic thiotrophs based
on a combination of 16S rRNA gene amplicon sequencing and
microscopy. Furthermore, we propose the environmental factors controlling their biomass accumulation based on biogeochemical characterization measured in this study.

Materials
Study sites and sediment collection
Chesapeake Bay is a large and highly productive drowned
river estuary, subject to numerous past studies as a model system for studying biogeochemical consequences of eutrophication and oxygen depletion (Kemp et al. 2005). A steep-sided
depression, 20–30 m in depth, cut by the relict Susquehanna
River forms the main channel with an approximate north–
south orientation. The main channel is strongly stratiﬁed and
these mesohaline bottom waters experience recurrent, prolonged, summer oxygen depletion, and detectable bottom
water sulﬁde (Findlay et al. 2015) and consequently support
an extremely depauperate benthic fauna. The main channel is
ﬂanked by expansive shoals (Baywide mean depth: 6.5 m),
which are better ventilated by surface waters, with bottom
waters here experiencing only intermittent and less severe
oxygen depletion. Sediments support populations of small
bivalves and oligochaete worms typical of the eutrophic estuarine conditions (Sturdivant et al. 2012). We sampled stations
“Central” (CB4.3C) and “West” (CB4.3W) to represent these
contrasting conditions in bottom water oxygenation and bioturbation (Supporting Information Fig. S1; Table 1). Both stations are depositional environments; the sediments are ﬁnegrained and organic carbon content is 3%–4% (Zimmerman
and Canuel 2002).
Replicate sediment cores were collected using a gravity
corer (Uwitec; clear PVC liners, Ø = 8.6 cm), kept in the dark
at bottom water temperature in a water bath, and transported
back to the laboratory, where they were held in a climatecontrolled room. From each station, one sediment core was
subsampled for nucleic acids, microscopy, and chlorophyll
a (Chl a) analyses, two cores were used for microsensor
2
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Table 1. Site descriptions, based on data collected biweekly–monthly between 1984 and 2018, as reported by the Chesapeake Bay
Program Water Quality Database (https://www.chesapeakebay.net/what/data). The mean ( σ) for temperature, salinity, and dissolved
oxygen are reported from bottom water measurements. Temperature is reported for the coldest (February) and warmest (August)
months, and bottom water dissolved oxygen is reported for the month with the greatest oxygen depletion (July).
Parameter

Units

Central station (CB4.3C)

West station (CB4.3W)

Latitude, longitude (NAD83)

Decimal degrees

38.55505 N, 76.42794 W

38.55728 N, 76.49402 W

Depth

m

25.8  0.9

8.7  0.5

Secchi depth
Temperature, annual low

m
o
C

0.9  0.2
3.3  1.8

1.0  0.5
1.6  1.1

Temperature, annual high

o

25.3  0.9

26.1  1.0

19.3  2.2
8.9  6.8

13.9  2.9
75.3  50.1

Salinity
Dissolved O2, annual low

C

μmol L1

carbonates, repeatedly washed in an NaCl solution at a concentration approximately matched to bottom water salinity
(average 2%), collecting the washing supernatant each time,
and then resuspended in a detergent solution (Tween 80) with
10% methanol and vortexed for 60 min to detach cells. Microbial cells were then separated from sediment particles in a
density centrifugation using Nycodenz (50% wt/vol),
according to Kallmeyer et al. (2008). Cells detached during the
washing steps and cells associating with the aqueous layer
from centrifugation were captured on a cellulose acetate ﬁlter
(0.2 μm). Filters were kept frozen (20 C) until further analysis. For microscopy, ﬁlters were thawed and sectioned by razor
blade, and sections were subjected to staining. Cable bacteria
were identiﬁed with ﬂuorescence in situ hybridization (FISH)
using the rRNA-targeted oligonucleotide probe DSB706 (Manz
et al. 1992), which effectively targets cable bacteria Electrothrix
and Electronema (Pfeffer et al. 2012; Schauer et al. 2014).
Staining procedures for FISH followed standard protocols
(Pernthaler et al. 2001) using 45% formamide concentration
for DSB706. Hybridized ﬁlters were counterstained with
1 μg mL1 SYBR Green I. As positive and negative controls,
EUB338 I-III and non-EUB (non338) probes were used, respectively, as previously described (Schauer et al. 2014). After the
identity of cable bacteria was conﬁrmed using FISH on a subset of samples, enumeration proceeded following staining by
Sybr Green I. Cells were counted by epiﬂuorescence microscopy, using a Zeiss Axio Imager 2, equipped with a Photometrics CoolSnap HQ2 camera. A minimum of 200 randomly
selected ﬁelds were viewed at 630X magniﬁcation and the
length of each ﬁlament encountered was measured within the
ﬁeld. Based on 20 randomly selected ﬁlaments, cell diameter
was estimated as 1.15  0.45 μm (mean  σ). Some of this
error captures true variability in the population, but an
unknown fraction may be attributable to limitations of the
epiﬂuorescence microscopy approach for measurements at this
scale. Due to this measurement uncertainty, we used a
rounded estimate of 1 μm ﬁlament diameter to estimate cable
bacteria biovolume.

proﬁling, and one core was sectioned under nitrogen atmosphere for geochemical analyses. Here we focus on results of
analysis of solid-phase sulﬁdes, microsensor proﬁling, microscopy, and DNA amplicon sequencing data with respect to
known thiotrophs. Full community analysis of DNA amplicon
sequencing data is presented elsewhere (Malkin et al.
submitted).
Cable bacteria and Beggiatoaceae ﬁlament density
Sediment cores were sectioned at 0.5 cm increments down
to 5 cm for microscopy. Samples for Beggiatoaceae enumeration were transferred to plastic petri plates and kept refrigerated (4 C) for up to 3 d prior to analysis. Sediment for cable
bacteria enumeration was transferred to microfuge tubes and
well mixed with 95% ethanol at 1 : 1 (v/v) using a sterilized
toothpick and stored at 20 C until analysis.
The procedure for Beggiatoaceae enumeration was adapted
from Jørgensen et al. (2010). A weighed subsample (0.5 g) was
suspended in 5 mL artiﬁcial seawater (Red Sea Salts, S = 20).
From this suspension, a well-mixed subsample, equivalent to
an initial weight of 26.8 mg, was transferred to an Utermöhl
well slide and ﬁlled completely with artiﬁcial seawater. The
entire slide was systematically examined by inverted light
microscopy (Zeiss AxioVert A1, equipped with an AxioCam
ERc5s camera connected to a PC with Zen Pro Software). All
living Beggiatoaceae encountered were enumerated and
imaged at 20X for length and at 63X for diameter measurements. Filaments were identiﬁed as living Beggiatoaceae if
they were motile, unpigmented, and contained refractive sulfur granules, following Jørgensen et al. (2010). Beggiatoaceae
biovolume was calculated assuming a cylindrical shape for
each ﬁlament. Beggiatoaceae density was expressed per volume of dry sediment using measured sediment porosity values
estimated from the water content of the sediment.
To enumerate cable bacteria, cells were ﬁrst detached from
sediment particles using methods adapted from Lunau
et al. (2005). To accomplish this, an aliquot of sediment was
soaked in acetate buffer solution for 60 min to dissolve
3
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60 C. We calculated porosity according to β/([1  β/ρ] + β),
where β is the water content (as a proportion) and ρ is the estimated density of the solid-phase sediment contents. Reactive
transport analysis was used to extract reaction rates from the
microsensor data obtained in ﬁeld sampling (Table 1) and laboratory incubations. The potential DOU (Ji) was calculated
from the oxygen depth proﬁle near the sediment water interface using Fick’s ﬁrst law, according to:

Sediment Chl a
Sediments from the surface 0.5 cm were stored frozen
(20 C) in glass scintillation vials prior to Chl a analysis. To
begin analysis, sediments were thawed, mixed well, and
aliquoted into stoppered glass centrifuge tubes (Kimax). Sediments were centrifuged to remove excess water. Pigment
extraction was performed on the sediment pellet, using 90%
acetone solution, which was well mixed into the sediment,
and then agitated by gentle sonication (28 kHz, water bath
sonication at 4 C). Extraction solvent was separated from sediment by centrifugation (2500 rpm at 4 C for 5 min) and transferred to sealed glass vials. Multiple extractions were performed
and pooled until successive extractions were no longer visibly
green (either two or three extractions). Remaining sediment
was dried at 60 C to constant weight and weighed. During all
handling, care was taken to keep samples or extraction solvent
cold and to minimize exposure to light. Pigment concentration
in the acetone extracts was determined colorimetrically
(ThermoScientiﬁc Evolution 60S UV–Vis spectrophotometer).
Chl a concentrations were calculated according to the empirical
formula of Jeffrey and Humphrey (1975): Chl a = 11.85
(A664  A750) – 1.54 (A647  A750) – 0.08 (A630  A750) •
v/(V • l), where A values are the absorbance at given wavelengths, corrected for background absorbance at 750 nm; v is
the cumulative volume of extractant (L); V is the sediment dry
weight (g); and l is the cuvette pathlength (1 cm). Measured
porosity was used to normalize dry weight-speciﬁc values to
bulk sediment volume.

J i ¼ ϕ=ð1  2lnϕÞDi ðS, T Þ∂Ci =∂x,
where i represents the pore water constituent dissolved oxygen; ϕ is the measured porosity; Di is the diffusion coefﬁcient
speciﬁc for oxygen, calculated from salinity S and temperature
T using the R package marelac (v2.1.10; Soetaert et al. 2020),
and corrected for tortuosity following Malkin et al. (2017);
and ∂Ci/∂x is the change in concentration (Ci) with depth (x),
estimated just below the sediment water interface. The sulﬁde
emergence depth was calculated as the depth at which the sulﬁde was ﬁrst detected, using a detection limit of 2 μM, and a
maximum sulﬁde gradient was approximated as the linear
slope immediately below the sulﬁde emergence depth.
Extracted pore water and solid-phase analyses
Sediment cores were sectioned under N2 atmosphere at
0.5 cm increments to 5 cm within 24 h of collection. Sediment sections were transferred to 50-mL plastic centrifugation
tubes (Falcon), and pore water was extracted by centrifugation
(3500 rpm for 10 min) and sampled under N2 atmosphere.
The remaining solid-phase material was kept frozen (20 C),
sealed with N2 gas in high-barrier mylar foil bags until
analysis.
Sulﬁde from acid-volatile sulﬁde (predominantly H2S and
FeS) and chromium reducible sulfur (primarily comprising elemental sulfur and pyrite) were sequentially extracted in boiling
6 N HCl (Chanton and Martens 1985) and boiling 1 M chromous chloride with 6 N hydrochloric acid solution (Canﬁeld
et al. 1986), respectively, as previously described (Gomes and
Johnston 2017). Extracted sulﬁde was driven with an N2 carrier
gas to trap vessel where it was precipitated as zinc sulﬁde, subsequently transformed to silver sulﬁde, and puriﬁed by rinsing
with ammonium hydroxide (Firsching 1961). Concentrations
of acid-volatile sulﬁde and chromium reducible sulfur were
determined gravimetrically.

Microsensor proﬁling
High-resolution microsensor proﬁling of O2, pH, and free
sulﬁde (ΣH2S) was performed on two sediment cores retrieved
from each site (two sets of proﬁles per sediment core), using
commercial microsensors operated with a motorized micromanipulator (Unisense A.S., Denmark), as previously described
(Malkin et al. 2015). Microsensor proﬁling began upon return
to the laboratory, within 6 h of core retrieval. Immediately
prior to microsensor proﬁling, water overlying the sediments
was gently bubbled with air for 1–3 h. This procedure can
drive an oxidation of accumulated reductants occurring near
the sediment surface, particularly during summer and fall
when the deviation from bottom water conditions is greatest.
For this reason, the diffusive oxygen uptake (DOU) rates
should be considered as potential rates.
The dissolved oxygen sensor (50-μm tip diameter;
Unisense) was calibrated with a two-point calibration using
air-saturated bottom water and an anoxic depth in sediment.
The pH electrode was calibrated using three NBS buffers (pH 4,
7, and 10), and corrected for the difference between NBS and
total pH scale. The H2S sensor was calibrated with a ﬁve-point
standard curve obtained using Na2S standards. ΣH2S was calculated from H2S data, corrected for pH measured at the same
depth. Porosity (v/v) was determined from water content and
density measurements upon drying to constant weight at

16S rRNA gene amplicon sequencing
Surface sediments (0–0.5 cm) were transferred to 5-mL
cryovials, rapidly frozen in a liquid nitrogen-charged dry shipper, and stored at 80 C. Using modular procedures adapted
from Lever et al. (2015), DNA was extracted from a thawed
sediment aliquot. Prior to cell lysis, carbonates were dissolved
in an acetate buffer–PBS solution with gentle mixing, and soluble (extracellular) DNA was removed by washing in TrisEDTA buffer with gentle mixing. Cell lysis was achieved by
4
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10s vortex with sterile beads followed by heating (50 C), then
a freeze-thawing cycle (80 C, 4 C), in combination with a
chemical lysis solution containing 0.5% Triton X-100 and
guanidium hydrochloride adjusted to pH 10. This full lysis
procedure was repeated three times. Extracted DNA was puriﬁed by two washes with a chloroform–isoamyl alcohol solution and then precipitated with a PEG 8000-NaCl solution in
the presence of linear polyacrylamide at room temperature. A
ﬁnal wash was made in 70% ethanol, and the resultant DNA
pellet was allowed to air dry and then dissolved in water.
Extracted DNA quality was checked by agarose gel electrophoresis, and its concentration was measured by ﬂuorometry
(Qubit 2.0 ﬂuorometer; Invitrogen) using Qubit dsDNA assay
kits. Further puriﬁcation was found to be unnecessary.
The hypervariable region V4-V5 of the 16S rRNA gene was
targeted for ampliﬁcation, using the modiﬁed primer pair
515F-Y/926R (GTG YCA GCM GCC GCG GTA A)/(CCG YCA
ATT YMT TTR AGT TT) (Parada et al. 2015). Ampliﬁcation,
barcoding, and sequencing were performed at the
Bioanalytical Services Laboratory (BASLAB, IMET). Ampliﬁcation proceeded via two steps, ﬁrst for gene ampliﬁcation
and the second for adding indexes, and clean-up was
accomplished using AMPure XP beads (Beckman Coulter).
Amplicons were sequenced using an Illumina MiSeq platform
(2  300 nt paired-end reads).
Bioinformatic analysis was performed in R (v 3.6) using the
dada2 pipeline (Callahan et al. 2016), and the resultant
amplicon sequence variants (ASVs) were taxonomically
assigned using the “IdTaxa” function from the package Decipher (Murali et al. 2018), using the SILVA ribosomal small subunit database (v138; Pruesse et al. 2007). This taxonomic
assignment algorithm was chosen to minimize overclassiﬁcation errors. Sequences afﬁliated to mitochondria and
chloroplasts were removed. Sequences afﬁliated to Eukarya or
which could not be assigned to a Kingdom, and sequences
which could not be assigned to a Phylum within Bacteria were
assumed to be artefacts and were removed. Following this
pruning, a total of  1.04 million reads remained (23,500–
132,000 reads per sample), representing 4270 ASVs. Statistically signiﬁcant differences between categories of samples
(e.g., seasons: winter + spring vs. summer + fall; stations:
West vs. Central) were tested using permutational ANOVA
(PERMANOVA), implemented with the vegan package (v 2.5.2,
CRAN) (Oksanen 2019). To assess if ASVs afﬁliated with cable
bacteria were differentially represented between sites and seasons, we used the differential expression analysis software tool
DeSeq2 (Love et al. 2014).A phylogenetic tree was constructed
using full length 16S rRNA gene sequences obtained from
NCBI nucleotide database afﬁliated to Candidatus Electrothrix
and Candidatus Electronema together with representatives from
the closely related genera Desulfobulbus and Desulfovibrio, and
Desulfobacter postgatei as an outgroup. Sequences were aligned
using DECIPHER (Wright 2015), and then trees were constructed using a maximum-likelihood procedure implemented

by the program Randomized Accelerated Maximum Likelihood (RAxML v. 8.2.10; Kozlov et al. 2019). Maximum likelihood tree topology was optimized using the generalized timereversible model of nucleotide substitution with the CAT rate
variation approximation and a random seed as a starting point
using the autoMRE algorithm to optimize bootstrapping recurrence. ASVs assigned to Candidatus Electrothrix and Candidatus
Electronema were selected from our dataset and aligned to the
tree using PaPaRa (Berger and Stamatakis 2011) and placed on
the tree using the package EPA-ng (Barbera et al. 2019). Data
visualization and statistic calculations were accomplished
using the package phyloseq (v. 1.24.2; McMurdie and
Holmes 2013) and ggtree (Yu et al. 2017).

Results
Seasonal bottom water conditions
At the Central Station, bottom waters were hypoxic
(< 2 mg L1; 62.5 μmol L1) from June through September in
2017 (Fig. 1A) or October in 2018 (Fig. 1B). Minimum dissolved oxygen concentrations were 13 and 9 μM in 2017 and
2018, respectively, based on the biweekly sampling
(Chesapeake Bay Program Water Quality Database; Supporting
Information Fig. S2). At the West Station, hypoxic bottom
waters were reported during May, June, and/or July, but not in
consecutive months, consistent with frequent ventilation of
bottom waters. Minimum dissolved oxygen concentrations
were 25 and 19 μmol L1 in 2017 and 2018, respectively
(Chesapeake Bay Program Water Quality Database; Supporting
Information Fig. S3). The bottom water dissolved oxygen and
temperature values from these years were typical of those
reported since 1984 (Supporting Information Figs. S2, S3).
Additional bottom water quality parameters (temperature,
salinity) measured at the time of sampling are reported in
Supporting Information Table S1.
Sediment chlorophyll
Chl a concentrations at the sediment surface on most occasions were relatively low and varied little with season (Fig. 1C,
D), except for one value from the Central Station in May
2018, where sediment Chl a was 0.81 nmol Chl a cm3.
Excluding this elevated value, the surface sediment Chl
a values were 0.21  0.03 nmol Chl a cm3 (mean  sd;
n = 8) at West Station and 0.11  0.03 nmol Chl a cm3
(n = 7) at Central Station.
Acid volatile sulﬁde and chromium reducible sulfur
inventories
Strong seasonality in surface sediment acid-volatile sulﬁde
inventories were observed at both sites, and no signiﬁcant differences were detected between sites (Fig. 1E,F). Sulﬁde from
acid-volatile sulﬁde was not detected at the sediment surface
during winter and spring and was up to 227 μmol S cm3 during summer. Sediment chromium reducible sulfur concentrations were higher on average at West Station (mean  σ:
5
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Fig. 1. Seasonal sediment conditions and densities of ﬁlamentous sulfur-oxidizing bacteria, measured at a site in the seasonally anoxic main channel
(“Central”) and the western shoal (“West”). Bottom water dissolved oxygen concentrations (“Bottom Water DO”; μmol L1), reported by the Chesapeake
Bay Water Quality Program for (A) 2017 and (B) 2018. Dashed line indicates hypoxia (2 mg L1 = 62 μmol L1). Surface sediment chlorophyll
a concentrations (“Sed. Chl”; 0–1 cm; nmol cm3) in (C) 2017 and (D) 2018. Concentrations of acid-volatile sulﬁde (“AVS”) in surface sediment (0–1 cm;
μmol S cm3) in (E) 2017 and (F) 2018. Potential ﬂux of dissolved oxygen into sediments (“JO2”; mmol m2 d1) as determined from microsensor proﬁles, with standard deviation reported from four proﬁles in (G) 2017 and (H) 2018. Areal densities of Beggiatoaceae; “Begg. Dens.”; mm3 cm2) in (I)
2017 and (J) 2018. Areal densities of cable bacteria (“Electro. Dens.”; mm3 cm2) in (K) 2017 and (L) 2018.

538  250 μmol S cm3) than at Central Station (450 
64 μmol μmol S cm3). The chromium reducible sulfur inventories integrated to 2 cm were signiﬁcantly higher at West Station compared with Central Station (t = 9.483, df = 6,
p < 0.01; Supporting Information Fig. S4).

Microsensor proﬁle distributions
Potential DOU varied seasonally, ranging at the Central Station between 19.8  4.3 mmol m2 d1 (March) and
53.8  11.4 mmol m2 d1 (August), and at the West Station
between 18.7  3.4 mmol m2 d1 (March) and 43.0 
6
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Fig. 2. Depth distribution of cable bacteria biovolume in (A,E) winter; (B,F) spring; (C,G) summer; and (D,H) fall. Top panels from Central Station and
bottom panels from West Station. DSB indicates cable bacteria, counted with the DSB706 oligoprobe; OLW here refers to overlying water immediately
above sediment surface.

10.1 mmol m2 d1 (August) (Fig. 1G,H). Detectable differences
were not observed between sites on most dates, except in May
2018, when potential diffusive oxygen ﬂux was elevated at
Central Station to 52.2  4.8 vs. 31.0  4.7 mmol m2 d1 at
West Station (t = 21.786, df = 6, p < 0.001).
At the Central Station, microsensor proﬁles revealed seasonal patterns indicative of cable bacteria activity (i.e., an
anodic pH minimum near the horizon of sulﬁde accumulation and occasionally a cathodic pH maximum in the oxic
zone) during winter and spring (February, April, May, June),
coinciding with the months when cable bacteria density
was greater than 0.5 mm3 cm2 (Supporting Information
Fig. S5). The most extreme pH minimum was observed in
May 2018 (pH 6.26), coinciding with the highest cable bacteria density (see Fig. 1K,L). Samples from June 2017 and
February 2018 most clearly exhibited a pH minimum coinciding with the sulﬁde emergence horizon (Supporting
Information Fig. S5). In most months when cable bacteria
density was near detection limits, pH proﬁles did not
exhibit a local minimum. In March and October 2017, there
were small local pH minima, similar to proﬁles indicative of
ferrous iron oxidation (Seitaj et al. 2015). The typology of
sulﬁde oxidation by nitrate-accumulating Beggiatoaceae was
not observed among the proﬁles from either station (sensu
Sayama et al. 2005; Seitaj et al. 2015). At the West Station, a
pH minimum was always evident just below the oxic zone.
This horizon shifted with season, shoaling in the warmer
months in concert with the oxygen penetration depth

(Supporting Information Fig. S6), and matching the typology for the cycling of iron between reduced and oxidized
mineral forms associated with solid-phase mixing (Seitaj
et al. 2015).
At the Central Station, sediment pore water sulﬁde
exhibited strong seasonal oscillations. In winter, values
were below detection limits (in upper 4 cm), while in
spring (e.g., April) a sulﬁde emergence depth was observed
at 3.3 cm with a maximum sulﬁde gradient of
1.3 μmol L 1 mm1 (Supporting Information Fig. S5). In
summer, a suboxic zone was lost entirely, and a maximum
sulﬁde gradient of 150 μmol L 1 mm 1 was observed, with
concentrations in excess of 2 mmol L 1 by 4 cm. At the
West Station, sulﬁde was not detected in the upper 4 cm in
winter–spring, becoming detectable in the summer,
though at lower concentrations than Central Station. The
sulﬁde proﬁles were exceptionally high in August 2018 at
West Station, with free sulﬁde becoming detectable by
0.5 cm, and reaching 100 μmol L 1 by 3 cm depth
(Supporting Information Fig. S6).
Cable bacteria densities (microscopy results)
At the Central Station, depth-integrated cable bacteria density declined from winter (e.g., 1.4 mm3 cm2 in February
2018) to summer (e.g., 0.03 mm3 cm2 in August 2017;
Fig. 1K,L). The highest densities of cable bacteria were usually
observed in the top 1 cm of sediment (Fig. 2). In addition to
this seasonality, there was a remarkable elevation of cable
7
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during May 2018 when unusually high values were observed
at the Central Station (0.75 mm3 m2). Beggiatoaceae depth
distribution varied seasonally. Beggiatoaceae ﬁlaments were
generally conﬁned to shallower maximum depths at the Central Station than the West Station, and ﬁlaments generally
occupied deeper depths in winter and spring than during summer and fall (Fig. 4). In the summer months only,
Beggiatoaceae was visible at the sediment surface at both sites,
appearing as a thin white ﬁlm. Distribution of Beggiatoaceae
diameters at both sites was multimodal, with modes
(mean  SD) at 5.3  0.6, 12.6  1.3, and 18.9  4.0 μm. A
relationship was observed between the potential DOU and
Beggiatoaceae density among samples in which the sulﬁde
emergence depth was greater than 1.0 cm (n = 11, Pearson
correlation r = 0.5918, p < 0.05), but not among samples in
which the sulﬁde emergence depth was shallower than
1.0 cm (Fig. 5).
Identiﬁcation of sulfur-oxidizing bacteria based on 16S
rRNA gene sequences
ASVs afﬁliated with marine cable bacteria (Candidatus Electrothrix) were detected in all winter and spring samples (both
stations) and in none of the samples from summer and fall.
Cable bacteria ASVs were observed at a higher relative abundance at the Central Station (typically 0.7–1.2%, and exceptionally to 3.6% during May 2018) than at the West Station
(0.04–0.12%; Fig. 4). PERMANOVA analysis conﬁrmed differences in community composition between the stations were
signiﬁcant (p < 0.001), and DeSeq2 analysis conﬁrmed that
Candidatus Electrothrix was found at signiﬁcantly higher proportion at the Central Station than the West Station (α = 0.01).
One Candidatus Electrothrix ASV (ASV_0123), which was
most closely afﬁliated to Candidatus Electrothrix communis
(Supporting Information Fig. S7), was dominant in terms of
both relative abundance and prevalence across samples at
both sites (Fig. 6). The sediment sample collected in May 2018
from Central Station stands out for having the highest proportion of cable bacteria ASVs (3.6% of all reads), and for
exhibiting the greatest phylotype diversity among cable bacteria (5 ASVs each constituting more than 0.1% of all sequence
reads; Fig. 6). Two of the other ASVs assigned to Candidatus
Electrothrix were afﬁliated most closely to Candidatus Electrothrix marina (Supporting Information Fig. S7). Other ASVs
that were assigned to Candidatus Electrothrix could not be
resolved to species level. One ASV appeared to be misassigned,
with ASV_2881 exhibiting greater afﬁliation to Desulfobulbus,
and was not considered in the sum of cable bacteria relative
abundance.
Direct counts of cable bacteria were signiﬁcantly correlated
with percentage Candidatus Electrothrix reads at the Central
Station (r = 0.962, df = 8, p < 0.001; Supporting Information
Fig. S8). As anticipated, based on the presence of introns in
their 16S rRNA genes (Salman et al. 2012), no correlations

Fig. 3. Relationships between (A) sediment chlorophyll (“Sed Chl a”)
and cable bacteria density (DSB, counted with the DSB706 oligoprobe)
and (B) sediment acid-volatile sulﬁde (AVS) and cable bacteria density.
The relationship between sediment chlorophyll and cable bacteria density
at Central Station is ﬁt with a natural log-linear curve (DSB density = 1.2069 ln(Chl a) + 3.28.

bacteria density observed in May 2018 at the Central Station
(3.2 mm3 cm2; Fig. 1l). At this time, elevated cable bacteria
densities were observed from the sediment surface down to
2.5 cm (cumulative length per volume: 368  116 m cm3),
with lower densities observed below this depth
(33  15 m cm3; Fig. 2). Depth-integrated cumulative length
was 1005 m cm2. Cable bacteria were also observed at the
West Station, though at lower density (maximum:
0.4 mm3 cm2 or 124 m cm2 in August 2018).
Cable bacteria density was positively correlated with sediment Chl a, described by a log-linear curve (Fig. 3A). Acidvolatile sulﬁde was nondetectable in surface sediments when
cable bacteria were abundant (Fig. 3B).
Beggiatoaceae biovolume and distribution
The depth-integrated biovolume of Beggiatoaceae was typically lower at the Central Station (0.02–0.34 mm3 cm2) than
at the West Station (0.12–2.21 mm3 cm2; Fig. 1I,J), except
8
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Fig. 4. Depth distribution of Beggiatoaceae biovolume in (A,E) winter; (B,F) spring; (C,G) summer; and (D,H) fall. Top panels (A–D) from Central Station and bottom panels (E–H) from West Station.
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Fig. 6. Relative abundance of Candidatus Electrothrix in Chesapeake Bay

Fig. 5. Relationships between potential diffusive oxygen uptake (“DOU”)

sediment, during months when it was detected (February–June). Bars are
organized by month, without regard to year. Each series represents a
unique ASV afﬁliated to Candidatus Electrothrix.

and density of Beggiatoaceae (Begg.) ﬁlaments, ﬁt with a linear regression
(Begg. Density = 0.033 * (DOU) – 0.333). The relationship between
potential DOU and Beggiatoaceae density is signiﬁcant among samples
where sulﬁde was below detection in the upper cm of sediment (“Low
Sulﬁde”; Pearson correlation = 0.5918; p = 0.043, n = 11).
Beggiatoaceae density among samples with sulﬁde detected in the top
1 cm of sediment (“High Sulﬁde”) exhibit no relationship with DOU.

Discussion
Distribution of cable bacteria
The densities of cable bacteria observed in this study were
in the range previously reported from ex situ cores of sulﬁdegenerating sediments. At the seasonally anoxic Central Station, densities were 174–447 m cm2 during most dates
between winter and spring, with an exceptional peak of

were found between direct counts of Beggiatoaceae ﬁlaments
and any individual ASV or agglomerations of related ASVs
afﬁliated with Beggiatoales.
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1005 m cm2 co-occurring with elevated sediment Chl a in
May 2018. Densities in these high ranges have been previously reported from other productive coastal marine sites that
lack high densities of large bioturbating infauna due to seasonal hypoxia or sulﬁde accumulation, including Grevelingen,
a restricted coastal basin of the North Sea (402–480 m cm2)
(Seitaj et al. 2015); intertidal bivalve reefs (58–1038 m cm2)
(Malkin et al. 2017); and a depositional zone of the North Sea
(168–352 m cm2) (van de Velde et al. 2016). Lower densities
have been reported from systems with lower oxygen availability, including the Baltic Sea (≤ 33 m cm2) (Marzocchi
et al. 2018), potentially reﬂecting a constraint imposed by low
oxygen availability (Burdorf et al. 2018).
At the bioturbated West shoal station, cable bacteria were
observed, but always at lower density than at the Central Station (16–124 m cm2). These densities are similar to those
reported from sulﬁde-generating heavily bioturbated intertidal
sands (≤ 56 m cm2) (Malkin et al. 2017), from a sulﬁdegenerating bioturbated sediment of a mangrove swamp
(77 m cm2) (Burdorf et al. 2016), and from seasonally hypoxic stations of the Baltic that support modest bioturbation by
macrofauna ( 70–150 m cm2) (Hermans et al. 2019).

particular hotspot encountered in this study. Previous estimates
of sulfate reduction in the central channel found that spring
phytodetritus stimulated sulfate reduction in the upper 2 cm of
the sediment (Marvin-DiPasquale et al. 2003). The spike in sediment Chl a and thiotroph biomass observed in this study was
notably accompanied by an increase in microbial activity, but
not in sulﬁde accumulation.
This hypothesized cryptic sulfur cycling associated with a
spring phytoplankton bloom may be widespread across other
restricted coastal basins as well. Phytodetritus inﬂux to surface
sediments following a phytoplankton spring bloom have been
reported from Long Island Sound (e.g., Sta. P in Aller and
Cochran 2019), and stimulation of sulfate reduction in the
upper sediment (0.2–1.0 cm) in response to a deposited spring
bloom has also been previously reported from Aarhus Bay
(Moeslund et al. 1994; Thamdrup et al. 1994). Furthermore,
the organic detritus to the seaﬂoor resulting from spring
blooms may be more labile than organic matter inputs at
other times of the year (Rodil et al. 2020). We sampled surface
sediment from the main channel of Chesapeake Bay again in
May 2019, but did not observe a spike in Chl a at the sediment surface, nor a bloom of Beggiatoaceae and cable bacteria
(based on microscopy; Malkin unpub. data). These observations suggest that the persistence of the spring bloom phytodetritus may be short-lived (Graf 1989; Lehto et al. 2014),
variable between years, or heterogeneously distributed. Jiang
and Xia (2017) reported that the timing and intensity of the
spring bloom in Chesapeake Bay varies interannually and is a
function of wind ﬁeld and Susquehanna River discharge. The
rapid colonization by diverse thiotrophs (including Candidatus
Electrothrix, Beggiatoaceae) when oxygen and nitrate are available in the surface sediments appears to suppress the transport
of sulﬁde generated by sulfate reduction near the sediment
surface into the water column during spring blooms.
The diversity of cable bacteria and their biogeography is
just beginning to be unravelled. Candidatus Electrothrix has
been described as the marine genus of cable bacteria and
Candidatus Electronema as the freshwater genus (Trojan
et al. 2016), and their niche partitioning based on salinity
has been recently conﬁrmed (Dam et al. 2021). Employing
catalyzed reporter deposition FISH (CARD-FISH) with speciesspeciﬁc oligoprobes, Marzocchi et al. (2018) reported a mix
of Candidatus Electrothrix species, among Ca. E. marina,
Candidatus Electrothrix aarhusiensis, and Ca. E. communis,
coexisting in Baltic Sea sediments. Here, we report that winter
and spring samples were dominated by a single ASV most
likely afﬁliated to the species Ca. E. communis, which also
vastly dominates in laboratory incubations (Liau, unpub. data).
By contrast, the profusion of Candidatus Electrothrix in May
2018 was comprised of multiple Candidatus Electrothrix phylotypes which could not be conﬁdently assigned to species.
The elevated diversity during the spring bloom indicates not
only the co-existence of multiple taxa in these sediments, but
also that the rate of sulﬁde supply may be an important factor

Constraints on cable bacteria: Electron donor supply
The seasonality of cable bacteria reported at Central Station
is in close agreement with that previously observed in
Grevelingen (Seitaj et al. 2015), providing evidence that
winter–spring dominance is likely a general feature of their
ecology among seasonally hypoxic systems. Previous work has
identiﬁed three sources of sulﬁde to cable bacteria: the upward
diffusive ﬂux of sulﬁde originating from sulfate reduction
occurring below the suboxic zone; sulﬁde produced cryptically
by sulfate reduction occurring within the suboxic zone; and
acidic dissolution of iron monosulﬁdes (FeS) also occurring
within the suboxic zone (Risgaard-Petersen et al. 2012). The
relative importance of these sources appears to depend on the
availability of FeS (Larsen et al. 2014), and the exhaustion of
the FeS pool may underlie the frequent observation that cable
bacteria populations reach an unsustainable maximum during
time course incubation studies (Schauer et al. 2014; Rao
et al. 2016), although alternative physiology-based hypotheses
have also been proposed (Kjeldsen et al. 2019), and predation
control has not been extensively explored. Our dataset is consistent with a conceptual model that a baseline seasonality of
cable bacteria in Chesapeake Bay is supported by a seasonally
replenished FeS stock in near-surface sediments.
The density of cable bacteria reported here also reinforces
the role of cable bacteria as quick responders and efﬁcient scavengers of free sulﬁde (Malkin et al. 2017). In May 2018 at Central Station, a spike was observed in sediment Chl a, which was
accompanied by an large increase in both cable bacteria density
and diversity, and an increase in Beggiatoaceae. Diatom blooms
occur frequently in Chesapeake Bay during spring (Harding
et al. 2015), and this was the most likely source of the
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Kostka 2005; Braeckman et al. 2010; Rao et al. 2014) and
exerts a major inﬂuence on the microbial activity and community structure in sediments (Papaspyrou et al. 2006; Jochum
et al. 2017; Booth et al. 2019). One plausible driver of the difference is the lower free sulﬁde availability at the West Station.
Although sulfate reduction rates previously reported in these
bioturbated sediments were similar or higher at the West Station than at the Central Station (Roden and Tuttle 1993), and
winter acid-volatile sulﬁde inventories were not detectably different between the stations, the two stations did strongly differ in their free sulﬁde accumulation. This is most evident in
samples from July, August, and October, when for example,
sulﬁde concentrations at 3 cm depth reached between
700 and 1700 μmol L1 at Central Station, vs. 20–30 μmol L1
at West Station (Supporting Information Figs. S5, S6).
Although sulﬁde may be generated at similar rates (or even
higher at the West Station; Roden and Tuttle 1993), the sites
differ in the composition of dominant sulfur-oxidizing bacteria, free sulﬁde concentrations, and chromium reducible sulfur
inventories. This implies that between-site variation in water
column chemistry, sediment characteristics, and the extent of
bioturbation impacts rates and pathways of sulfur oxidation
and chromium reducible sulfur formation, though the latter
remains to be tested.
It remains a possibility that the burrows of infauna may be
punctuated with ecologically important hotspots of cable bacteria that were not captured with our sampling approach. Aller
et al. (2019) reported locally high densities of cable bacteria
associated with parchment worm burrows, which are stable
on the order of weeks. Similarly, Martin et al. (2019) observed
enrichment of cable bacteria in association with the ﬁne root
hairs of growing seagrasses, and Scholz et al. (2021) reported
cable bacteria associated with rhizospheres of aquatic plants
occurring to deeper depths than in areas without vegetation.
In each of these studies, the authors suggested that as efﬁcient
scavengers of sulﬁde, cable bacteria may provide a beneﬁt to
the animals and plants they live in association with by
maintaining burrows or rhizospheres free of free sulﬁde. In
support of the hypothesis that cable bacteria may grow to
deeper depths in bioturbated sediments (albeit with potentially greater spatial heterogeneity), we obtained amplicon
sequences from multiple depths in May 2018 at 0–1, 5–6, 10–
11, 20–21, and 30–31 cm intervals. These samples revealed
Candidatus Electrothrix were conﬁned to near the surface at the
Central Station, but were detectable to 10 cm depth at the
West bioturbated station (Supporting Information Fig. S9).
These data lend support to the hypothesis that cable bacteria
could be important for removing sulﬁde at depth in sediment
and play an important ecological function even where not
highly abundant at the sediment surface, though we caution
that the DNA signatures of cable bacteria may not necessarily
reﬂect living cable bacteria or their activity. The activity of the
cable bacteria DNA detected at 10 cm depth is unknown and
could be an inactive relic mixed from shallower sediment by

in the niche partitioning between Candidatus Electrothrix phylotypes or species. The stable relative proportion of the ASV
afﬁliated to Ca. E. communis during this period of elevated
activity also suggests varying constraints on different cable
bacteria populations operating concurrently. An analysis of
cable bacteria species distribution by Dam et al. (2021) reveals
Ca. E. communis to be widespread in fresh and brackish habitats, and has not been reported from high salinity environments. It seems plausible that this species may be particularly
well adapted to estuarine environments, though more data
would be needed to test this hypothesis.
Constraints on cable bacteria: Electron acceptor
availability (oxygen, nitrate)
Cable bacteria can use oxygen and nitrate as electron acceptors for cathodic reduction (Nielsen et al. 2010; Marzocchi
et al. 2014). Laboratory experiments (Burdorf et al. 2018) and
ﬁeld data (Marzocchi et al. 2018; Hermans et al. 2019) have
demonstrated that depleted bottom water oxygen concentrations can constrain cable bacteria density, which may be particularly relevant in systems with persistent interannual
oxygen depletion. Likewise, on a seasonal basis, oxygen depletion likely severely restricts cable bacteria growth in the central channel in Chesapeake Bay. On an annual basis, we must
also consider how bottom water oxygen levels indirectly
impact cable bacteria through their inﬂuence on the presence
and absence of bioturbating macrofauna. A suppression of
infauna through severe seasonal oxygen starvation appears to
provide the conditions that promote the proliferation of cable
bacteria at the sediment surface in this dataset. Similar to
other locations (Seitaj et al. 2015), the spatial extent and
severity of oxygen depletion in Chesapeake Bay therefore
likely affects the system-level cable bacteria density through
its inﬂuence not only on sulﬁde availability, but also on benthic fauna, with consequences for biogeochemical cycling.
Constraints on cable bacteria: Bioturbation
Cable bacteria were observed at the bioturbated West
Station but had persistently 1–2 orders of magnitude lower cell
density than at the Central Station. In previous work, we
observed a negative relationship between bioturbation and
cable bacteria abundance and proposed that bioturbation may
negatively inﬂuence the growth of cable bacteria through sediment overturning, by directly altering the simultaneous access
of the bacterial ﬁlaments to electron donors and acceptors,
and/or by direct mechanical breakage (Malkin et al. 2015).
Our results here broadly support the conclusion that bioturbation creates conditions that inhibit cable bacteria and enable
other bacteria including Beggiatoaceae to outcompete cable
bacteria, at least in proximity to the sediment surface. While
the speciﬁc mechanism(s) driving the differences in cable bacteria abundance between the sites is not entirely clear, it is
well established that bioturbation strongly inﬂuences the sediment inventories of oxidants and reductants (Kristensen and
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Applying a Q10 value of 2 and 1 : 1 stoichiometry, this
would yield a biomass-speciﬁc rate of sulﬁde oxidation of
26 mmol L1 d1. At the maximum biomass density of
1.9 mm3 cm3 observed, this would be equivalent to a maximum sulﬁde oxidation rate of 49.4 nmol cm3 d1. Roden and
Tuttle (1993) measured sulfate reduction rates using the 35S
method in surface sediments near the West Station in August
at 600–900 nmol cm3 d1. Using the lower measurement of
sulfate reduction, Beggiatoaceae sulﬁde oxidation could
account for only  8% of the sulﬁde turnover. Similar results
were reached in studies from Arctic (Jørgensen et al. 2010) and
from North Sea sediments (Preisler et al. 2007), where dispersed
Beggiatoaceae ﬁlaments were likely responsible for oxidizing
only a small proportion of the sulﬁde produced. This accounting suggests that in these sediments either sulfate reduction is
overestimated (see Dale et al. 2019 for a discussion of potential
overestimation of sulfate reduction rates via the 35S method),
and/or the dominant processes by which sulﬁde is removed are
incompletely quantiﬁed. Possible pathways of sulﬁde removal
could include other biological sulfur oxidation pathways, abiotic oxidation by iron or manganese oxides, or sequestration
and burial.

bioturbation. Other markers of activity (e.g., RNA transcripts)
would be useful for further addressing their realized role in
bioturbated sediments.
Beggiatoaceae: Distribution, constraints, and contribution
to sulfur oxidation
Beggiatoaceae in mesohaline Chesapeake Bay were most
often distributed throughout suboxic sediment layers. They
were found to at least 4 cm (the maximum depth examined)
at the bioturbated station. Although frequently reported as
conspicuous mats forming at the surface of sediments with
advective sulﬁde ﬂow (Jørgensen and Boetius 2007), this more
inconspicuous subsurface distribution is typical of sulﬁdegenerating subtidal coastal systems (Mußmann et al. 2003;
Jørgensen et al. 2010; Seitaj et al. 2015). Maximum depthintegrated densities encountered in this study occurred at the
bioturbated station in August 2017 (2.2 mm3 cm2). Applying
the same density and volume conversion factors used in the
present study, our Beggiatoaceae density estimates are similar
to those reported from Limfjorden (1.4–1.6 mm3 cm2)
(Mußmann et al. 2003), and from a seasonally hypoxic
station in Grevelingen (winter–summer < 0.1; fall = 2.2–
7.5 mm3 cm2) (Seitaj et al. 2015), and about an order of magnitude higher than densities observed in Arctic marine sediments (0.1–0.3 mm3 cm2) (Jørgensen et al. 2010).
Beggiatoaceae biovolume was positively correlated with the
potential DOU among samples lacking sulﬁde accumulation in
the upper centimeter of sediment. Conversely, Beggiatoaceae
biovolume was unrelated to potential DOU among samples
with sulﬁde emergence depths shallower than 1 cm. The distribution of Beggiatoaceae is frequently heterogeneous and the
drivers that underlie its distribution remain unconstrained.
Based on the distribution we observed, we hypothesize that the
Beggiatoaceae in Chesapeake Bay ﬁnd a niche where there is
sufﬁcient sulfate reduction to provide sulﬁde for their growth,
yet sufﬁcient bioturbation to minimize high sulﬁde levels in
proximity to the sediment surface. Previous studies have shown
that Beggiatoaceae exhibit chemotaxis away from free sulﬁde
accumulation (Dunker et al. 2010), despite using this reduced
compound as an electron donor. These conditions are met in
the ﬁne-grained sediments on the mesohaline shoal in Chesapeake Bay. Further surveys will be needed to better constrain
their distribution.
We sought to calculate whether Beggiatoaceae could account
for the rates of sulﬁde oxidation likely occurring in the sediments at West Station, where their biovolume was greatest. To
do this, we estimated the maximum potential sulﬁde turnover
by Beggiatoaceae ﬁlaments, based on their maximum measured
density (August 2017 at West Station). We assumed their sulﬁde oxidation is coupled to dissimilatory nitrate reduction to
ammonium (HS + NO3 + H+ + H2O ! SO42 + NH4+).
Preisler et al. (2007) measured a biomass-speciﬁc nitrate turnover by Beggiatoaceae of  13 mmol L1 d1 at 15 C. At the
time of peak biomass bottom water temperature was  25 C.

Other benthic sulfur oxidizers
In addition to cable bacteria and Beggiatoaceae, other
thiotrophic bacteria may play a quantitatively important role
in catalyzing sulfur oxidation (reviewed in Wasmund
et al. 2017). In coastal sediments, Campilobacterota (formerly
Epsilonproteobacteria) and Gammaproteobacteria may be key
players in chemoautotrophic sulfur oxidation, coupling the
oxidation of sulﬁde and/or sulfur compound intermediates
with oxygen or nitrate reduction. In the sediments examined
here, Campilobacterota, predominantly represented by
Sulfurovum, constituted an average of 0.12% of all reads (maximum 1.1% at West Station in August 2018; Malkin et al. in
submission). These bacteria are capable of sulﬁde and thiosulfate oxidation (Campbell et al. 2006) and can form bioﬁlms
under conditions where high sulﬁde ﬂux meets oxic or microoxic conditions (Meier et al. 2019; Cron et al. 2021).
Gammaproteobacteria were abundant in the sediments, constituting 14–30% of reads across samples (Malkin et al. in submission), with Woeseiaceae, a taxon with facultative sulfur
oxidation potential (Mußmann et al. 2017) present at 0.5% to
2.9% of the reads. Although the sulﬁde oxidation potential of
Campilobacterota and Gammaproteobacteria may be
restricted to sediment zones where sulﬁde ﬂux intersects with
oxygen or nitrate (Jørgensen and Nelson 2004), an analysis of
ﬂow-sorted single-cell activity in coastal sediments found that
uncultured Gammaproteobacteria were responsible for the
vast majority of microbial chemoautotrophy which was dominated by sulfur oxidation (Dyksma et al. 2016). Thus, measuring the relative contributions to sulﬁde oxidation of
Campilobacterota and Gammaproteobacteria, in addition to
cable bacteria and Beggiatoaceae, as well as their potential
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between these major thiotrophic groups and offer valuable
avenues for further enquiry.

roles in sulfur compound syntrophic interactions (VasquezCardenas et al. 2015), remains a challenging but exciting area
for further research.

Data availability statement
The data that support the ﬁndings of this study are openly
available from the Biological and Chemical Oceanography
Data Management Ofﬁce (BCO-DMO; doi: 10.26008/1912/
bco-dmo.847974.1; doi: 10.26008/1912/bco-dmo.847923.1;
doi: 10.26008/1912/bco-dmo.847949.1; doi: 10.26008/1912/
bco-dmo.847846.1). Amplicon sequence libraries are publicly
available at the NCBI Sequence Read Archive (Bioproject
PRJNA613483;
accessions
SAMN14407499
to
SAMN14407515).

Conclusions
This study investigated the niche partitioning and potential
growth constraints of the ﬁlamentous thiotrophs, Candidatus
Electrothrix and Beggiatoaceae, in the sediments of the mesohaline reach of the main stem of Chesapeake Bay. In the seasonally anoxic deep channel, the temporal distribution of
cable bacteria suggests a cyclic seasonality—elevated densities
of Ca. E. communis in winter and spring and only sparse densities in summer and fall—superimposed by hotspots or hot
moments of growth of multiple Candidatus Electrothrix phylotypes associated with episodic pulses of phytodetritus
(i.e., labile organic carbon). At an adjacent depositional shoal
site inhabited by deep burrowing infauna, cable bacteria
exhibited the same seasonality, but were observed at lower
depth-integrated density. Our observations therefore suggest
multiple constraints limiting cable bacteria growth, with seasonal anoxia as an important predictor of higher winter and
spring biomass accumulation (compared with regions of less
severe summer oxygen depletion), and pulses of phytodetritus
as an important predictor of their biomass accumulation. Previous work in the Grevelingen reported a similar seasonality
of cable bacteria, and furthermore demonstrated that their seasonal abundance may delay bottom water euxinic conditions,
due to their impacts on surface sediment iron cycling (Seitaj
et al. 2015). By extension, cable bacteria in the main channel
of Chesapeake Bay may have system-level impacts on the
timing of sulﬁde efﬂux from sediments, though this remains
to be tested. Our results furthermore demonstrate that the seasonality of cable bacteria may be a general feature of seasonally oxygen depleted marine systems, such as the northern
Gulf of Mexico, and that rapid responses to labile organic matter may stimulate different phylotypes or species of cable
bacteria.
Beggiatoaceae, by contrast, were typically most abundant at
the western shoal site. Their biovolume was positively correlated with potential sediment respiration when free sulﬁde
was not detectable in the sediment surface. Like cable bacteria,
Beggiatoaceae were also notably stimulated by the putative
hot moment of sulfur cycling at the sediment surface stimulated by a large phytodetritus inﬂux. However, even at their
peak biomass accumulation, we estimated these bacteria were
unlikely to be capable of oxidizing sulﬁde at a rate commensurate with its production, implying that other microbial
players, abiotic reactions, or formation of sedimentary sulﬁde
(i.e., pyrite or sulfurized organic matter) are likely to be quantitatively important for the removal of sulﬁde from bioturbated shoal sediments. Together these seasonal and spatial
distributions highlight the complexity of the interactions
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